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In this review, the authors discuss the challenges of studying supported lipid bilayers (SLBs)

deposited by vesicle fusion in terms of (1) evaluating SLB formation and quality using quartz

crystal microbalance with dissipation and (2) analyzing the composition and asymmetry of SLBs

composed by lipid mixtures using complementary surface sensitive techniques. An overview of the

literature is presented and the inconsistencies on this topic are discussed with the objective to

expand beyond simple lipid compositions and set the basis for forming and analyzing SLBs of

complex natural lipid extracts formed via the vesicle fusion method. The authors conclude by

providing some guidelines to successfully form SLBs of complex lipid mixtures including natural

extracts. VC 2016 Author(s). All article content, except where otherwise noted, is licensed under a
Creative Commons Attribution (CC BY) license (http://creativecommons.org/licenses/by/4.0/).
[http://dx.doi.org/10.1116/1.4944830]

I. INTRODUCTION

Complex natural cell membranes are difficult to study in

their native states. Simpler lipid model systems are therefore

desirable for studying biomolecule interactions and/or the

role of specific membrane components. Simple cell mem-

brane models span from monolayers at the air–water inter-

face to planar supported lipid bilayers (SLBs) and lipid

vesicles of varying sizes, either tethered to a surface or in

bulk solution. The appropriate choice of model system is de-

pendent on the technique used for the study, and each of the

model systems have advantages and disadvantages, which

must be considered beforehand.1–3 Lipid bilayers can be

formed on solid supports using several techniques including

Langmuir–Blodgett (LB) and Langmuir–Schaefer (LS)

deposition,4–6 lipid/detergent mixed micelles,7,8 or vesicle

fusion.9–12 The latter two can be carried out in situ, while

the LB/LS techniques require deposition of one monolayer

at the time using a Langmuir film balance. This technique,

however, is favorable for deposition of bilayers with a con-

trolled and specific asymmetric leaflet composition,6,13

something that is not otherwise possible using vesicle fusion

or lipid/detergent micelles. An increasingly popular bio-

physical technique for preparing model cellular membranes

is the Droplet Interface Bilayer method.14,15 Here, the lipid

bilayer is formed in between two water droplets that are sub-

merged in oil and coated with a lipid monolayer. Since each

droplet composition can be controlled, symmetric or asym-

metric tailoring of the bilayer can be achieved.16 Moreover,

the aqueous solutions on either side of the membrane can

also be controlled allowing for studies of the interactions

between specific biomolecules and the membrane.15,17 This

method was recently used to reconstitute a lipid bilayer

from the total extract of Escherichia coli as a model cell

membrane.15

Compared to lipid vesicles, SLBs are more stable and

their fixed and well-defined structures make them excellent

model systems for a wide range of surface sensitive techni-

ques. Under the right experimental conditions, high cover-

age SLBs are relatively easy to form via vesicle fusion. In

this review, we focus on the vesicle fusion method to form

SLBs and the challenges involved in producing and study-

ing them as the lipid complexity increases. We present rec-

ommendations for protocols to form SLBs made of

complex mixtures based on an overview of two often-used

techniques to study the formation of SLBs: quartz crystal

microbalance with dissipation (QCM-D) and atomic force

microscopy (AFM). Moreover, an introduction to neutron

reflection (NR) is included since this is an excellent com-

plementary technique to probe the structure of buried inter-

faces in a nondestructive manner. Together, these three

techniques can give a complete picture of vesicle fusion and

the processes occurring at lipid membranes as discussed in

Secs. III–VII.

II. SURFACE SENSITIVE METHODS TO STUDY
SUPPORTED LIPID BILAYERS AND MOLECULAR
INTERACTIONS WITH THEM

A. Quartz crystal microbalance with dissipation

The inherent piezoelectric properties of quartz are

exploited in the QCM-D to induce oscillations in the sensor,a)Electronic addresses: cardenas@nano.ku.dk; marite.cardenas@mah.se
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which deforms when applied to an external voltage.18 By

alternating the voltage, a standing shear wave is generated

between two gold electrodes. The crystal resonates when the

quartz thickness is an odd integer of the wavelengths of the

induced wave and the instrument therefore operates the crys-

tal at odd numbered overtones. The quartz crystal is coated

with a substrate of given properties, which is in direct contact

with the solvent and thus constitutes the sensor surface.19

The shear wave decays evanescently into the liquid with a

characteristic decay length, which is typically 250 nm for a

crystal immersed in pure water and this is thus the effective

detection range for the QCM-D.20 A solvent is detected as a

coupled mass with effective thickness corresponding to DqL,

where qL is the density of the liquid. The decay length varies

with
ffiffiffiffiffi
nL
p

, where gL is the absolute viscosity of the liquid.

Therefore, if the solvent is exchanged with one of higher vis-

cosity, it induces an increase in the effective thickness sensed

by the crystal.20 Shifts in frequency and dissipation can thus

be observed upon (1) mass changes at the surface of the sen-

sor and (2) changes of the solvent viscosity and density.

For thin, rigid, and homogeneous films, the principle

behind the QCM-D is build on a simple relationship between

change in mass and change in frequency of the sensor crys-

tal. For such systems, the change in mass, Dm, is propor-

tional to the frequency change, Df, according to the simple

Sauerbrey relation:21 Dm ¼ �C� Df=n, where n is the har-

monic number and C is the material specific Sauerbrey con-

stant given by: C ¼ tq � qq=f0 with tq being the thickness of

the quartz, qq the density of the quartz, and f0 the main reso-

nance frequency. For a common 5 MHz silicon crystal, the

Sauerbrey constant equals �17.7 ng/cm2. The dissipation of

energy is measured as the dampening of the oscillations

when the driving voltage to the crystal is shut off. The

energy dissipation factor, D, is given by: D ¼ Ed=ð2pEsÞ,
where Ed is the energy dissipated during one period of oscil-

lation and Es is the energy stored in the oscillating system.22

For soft films, the Sauerbrey relation underestimates the

mass change, and the film thickness must be deduced by fit-

ting the simultaneously measured Df and Dd data to a visco-

elastic model by including a number of frequency and

dissipation overtones.22 Monitoring a number of overtones

increases the sensitivity of the measurement and can give use-

ful information on the deposited layers. The penetration depth

of the overtones decreases with increasing overtone number.

This implies that the high overtones are dissipated mostly

within the adsorbed layer, while the low overtones mostly

sense the bulk solution. The latter are thus often discarded in

the analysis. Because of the varying detection range, simulta-

neous measurements of several overtones can give an estimate

of the spatial distribution or homogeneity of the adsorbed

layer as a function of distance from the surface.23 The

Maxwell model and the Voigt model are viscoelastic models

implemented in QCM-D software (QTools by Q-Sense).

These are simple mechanical models, which can be con-

structed by a (purely elastic) spring and a (purely viscous)

dashpot in series or in parallel, respectively.24,25 Moreover,

there are model-free approaches to interpret QCM-D signals

from soft and heterogeneous films based on the ratio of the Df
and Dd signals.26

Figure 1 exemplifies how the frequency (a) and dissipation

(b) of a layer of adsorbed lipid vesicles compare to those of a

continuous bilayer. The period of the oscillations [marked by

two-headed arrows in Fig. 1(a)] is inversely proportional to

the frequency, and the dissipation is a measure of how fast

the oscillations decay upon stopping the electrical current to

the sensor. When vesicles are residing on the sensor (red

curves in Fig. 1), the frequency of the oscillations is low due

to the added mass (this includes the water in the vesicle

lumen) and the dampening of the oscillations is high due to

the softness and compliance of the layer. When the vesicles

fuse, they release a large amount of water and the resulting

SLB is thin and well coupled to the surface. As a result, the

frequency of the oscillations decreases while the decay time

for the dampening of the oscillating signal increases (gray

curves in Fig. 1). Each data point in the curves generated by

the QCM-D during an experiment corresponds to the change
of frequency or dissipation, Df and Dd, respectively.

The QCM-D measures the wet adsorbed mass and not the

dry adsorbed mass as other optical techniques such as ellips-

ometry, surface plasmon resonance, and reflectometry does.28

This can be seen as an asset of the QCM-D technique, since it

then constitutes a tool for acquiring complementary informa-

tion on the adsorbed layer in different liquid environments

and in combination with other surface sensitive techniques.9,29

FIG. 1. Principle behind frequency and dissipation changes in the QCM-D.

The graphs show examples of the frequency (a) and dissipation (b) signals

generated from a soft vesicle layer (red curves) and a continuous lipid bilayer

(gray curves). When the vesicles fuse, the frequency of the oscillations

increases due to the formation of a well-defined bilayer and loss of coupled

mass. In this context, a lipid bilayer is considered a rigid film because it is

thin and fully coupled to the surface. The large dissipation of energy in the

vesicle layer causes a significant dampening of the oscillations [red curve in

(b)], so when the coupled water is released the dissipation decreases [gray

curve in (b)]. The figure is redrawn based on inspiration from Ref. 27.
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Indeed, this is the reason why QCM-D has become the

method of choice to study SLB formation by vesicle fusion or

molecular interactions at lipid bilayer interfaces.23,30–34

However, the ability to sense the viscoelasticity of adsorbed

layers can also in some cases severely complicate the interpre-

tation of the data as for the vesicle fusion case, in particular.12

In Secs. IV–VI, some examples will be discussed.

B. AFM and the setup for imaging under continuous
flow conditions

In AFM, the surface topology is visualized via the interac-

tions of a sharp tip and the resulting forces applied to the tip

upon scanning the surface. The tip is integrated at the end of

a flexible cantilever with an appropriate spring constant. A

laser beam is focused at the apex of the cantilever and

reflected onto a position sensitive detector [see Fig. 2(a)]. By

scanning the surface in a raster pattern and detecting the laser

beam position on the detector, an image of the structural fea-

tures of the surface is generated in the computer. Depending

on the type of material and the purpose of the study, the

AFM can be operated in different modes, including contact,

noncontact, or tapping (intermittent contact) mode.

In 1991, Zasadzinski and colleagues35 were the first to

employ liquid AFM imaging on a lipid bilayer (1,2-dimyris-

toyl-sn-glycero-3-phosphoethanolamine), and since then, a

plethora of membrane studies have been conducted using the

AFM. This technique provides knowledge on bilayer lateral

organization, vertical distances, and various types of interac-

tions with small molecules, etc. Since Zasadzinski and co-

workers initiated this type of membrane studies, the AFM

setup has been greatly improved and adjusted to the chal-

lenges of imaging soft biological samples. This includes the

development of the TappingMode AFM imaging36 and the

PeakForce Quantitative Nanomechanical Property Mapping37

technology. In particular, the latter method minimizes the

forces applied to the sample, while enabling acquisition of

mechanical properties of biological structures. In this way,

images with information beyond topology (e.g., dissipation,

adhesion, and modulus data) can be captured simultaneously.

In AFM experiments, solution exchange is complicated

and can potentially alter the integrity of soft biological sam-

ples.38 In the absence of a flow cell, the sample must be taken

out and kept fully hydrated while exchanging the solution by

adding and removing liquid several times (using a pipette, for

example) followed by reinsertion of the sample in the AFM.

When using a liquid cell, the solution exchange can be done

using a syringe. Regardless of the approach, the tip must be

disengaged during sample introduction. Standard protocols

for imaging biomembranes and drug interactions involve a

10 min equilibration time in order to avoid thermal drift and

to allow for refocusing of the laser, adjustment of the photo-

diode signal, and engaging the tip.38 Furthermore, once a

sample is reintroduced into the AFM, it is practically impossi-

ble to image the exact same spot that was imaged prior to dis-

engagement. This may also be the case in a flow cell as small

shifts, or drifts, can occur from the liquid exchange and from

withdrawing and engaging the tip. This is a major challenge

when studying complex processes taking place at biological

interfaces, especially if the very initial steps of interaction

happen within the equilibration time. These drawbacks obvi-

ously set limitations on the experimental outcome and make

experiments hard to reproduce and interpret.

For these reasons, an AFM setup under continuous flow

conditions (AFM-CFC) was developed. The major challenge

of imaging under constant solvent flow is the extreme sensi-

tivity of the cantilever and the tip to vibrations from the sur-

roundings. Instead of using syringe injections, AFM-CFC

utilizes a flow controlled by a slow gravity feed, which pro-

duces a continual flux and an environment stable enough for

the cantilever to function and scan the surface without major

drifts.39 The optimized setup is sketched in Fig. 2(b). The

slow feed is produced by careful control of the height differ-

ence between the sample and the outlets (1 and 5), allowing

for a gentle flow through the cell. A very slow flux (a slightly

nonlinear flow of 40–50 ll/min) can be obtained, in order to

increase the spatial and time resolution. In this way, a sam-

ple solution can be pumped through the cell while the tip

scans the surface allowing for high resolution imaging (for

FIG. 2. (a) AFM utilizes the interatomic forces between a sharp tip and a surface in order to reveal topological features. The tip is integrated in a flexible canti-

lever that scans the surface in a raster pattern. A laser beam is aimed at the apex of the cantilever and reflected onto a position sensitive detector as illustrated.

The changes in the position of the laser on the detector are converted into an image in the computer. (b) The optimized AFM-CFC setup is based on a gravity

fed flow through the system. 1: the sample solution. 2: the scanning area where the flow cell is located. The cantilever is placed in the flow cell and a laser

beam is focused on the apex and reflected onto a position sensitive detector via a mirror. 3 and 4: inlet and outlet of the flow cell. 5: the height of the outlet can

be leveled to adjust the flow rate. 6: a three way valve that leads to a second outlet (7), which can be used either as a means for removing bubbles or to connect

a second sample syringe.
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example, using 512 � 512 pixel resolution and a scan rate of

1 Hz, �8.6 min per image or 3–4 volumes exchanges of the

flow cell per image) of, e.g., bilayer formation from vesicles

adsorbing and fusing on the surface (see Sec. III) or biomole-

cule interactions with model membranes.12,39 All the experi-

mental steps including imaging of the clean surface, addition

of sample, formation and rinsing of the membrane, and bio-

molecule interactions can then be performed in situ while

maintaining a continuous flow of solvent over the surface.

The advantages of imaging under flow conditions include

that (1) no equilibration time is needed between injections

(no thermal drift due to the continuous flow) allowing for

imaging with no time delay, and (2) no shift in the imaged

area is introduced by retracting and engaging the tip between

injections. With this setup the very initial as well as the

slower time-dependent surface interactions can be followed,

as discussed in Secs. III and IV.

C. Neutron reflection

NR is a powerful technique for studying thin adsorbed

layers, since it provides information on the structural fea-

tures in the direction normal to the interface with a resolu-

tion down to a few Ångstrom. In this way, studies of buried

interfaces that are otherwise difficult to probe can be carried

out. For supported lipid bilayers, this means that the overall

structure; layer thicknesses, lipid composition, and potential

asymmetry between the leaflets can be characterized through

a neutron scattering length density (SLD) profile, defined as

SLD ¼
X

i

niðzÞbi;

where bi is the neutron scattering length of nucleus i and

niðzÞ is the number density of nuclei i in the direction perpen-

dicular to the interface.7,40,41 The SLD profile is thus a contin-

uous function of film depth, relating to the chemical

composition of the adsorbed layer. The sensitivity of NR

(change in reflectivity profile) depends on the difference in

SLD of the molecules constituting the adsorbed layer and the

solvent surrounding them. Besides their low irradiation dam-

age and high penetration capabilities, one of the great

advantages of neutron scattering is the large difference in neu-

tron scattering length between hydrogen and deuterium that

allows for noninvasively changing the SLD of the bulk solu-

tion or the sample. The latter can be achieved for instance by

the use of specific deuteration of molecular entities. In this

way, molecules can be tailor-made to have the same SLD as,

for example, D2O (D2O matched), effectively making them

invisible to neutrons in that specific solvent.42 Moreover, la-

bile hydrogen molecules in the sample will exchange sponta-

neously upon exchanging the bulk medium from H2O to D2O,

thus slightly shifting the SLD of the sample. Finally, by tuning

the H2O to D2O ratio and thereby the bulk SLD, any molecule

can be made to disappear in solution. This phenomenon is

called contrast variation, and it is one of the key advantages

of neutron scattering in soft matter and biology. In order to

obtain accurate fits of the NR data, it is crucial to get at least

two different contrasts, but more may be needed depending

on the complexity of the system. Potential compositional dif-

ferences within the SLB can be revealed by NR using the con-

trast variation method as discussed in Sec. V.

In specular NR (with reference to an everyday mirror),

the angle hi, of the incident wave vector ki with the surface

equals the angle, hr, of the reflected wave vector kr, as

depicted in Fig. 3(a). The lengths of the incident and the

reflected wave vectors are equal and given by

jkij ¼ jkrj ¼
2p
k
;

where k is the wavelength of the neutron beam. The change

in k on reflection of the surface is thus given by

jkr � kij ¼ 2jki?j ¼
4p
k

sin h ¼ Qz ¼ Q;

where

jki?j ¼
2p
k

sin h

is the length of the component of ki normal to the interface as

defined in Fig. 3(a). This quantity is the length of the compo-

nent of the momentum transfer normal to the interface. It is

FIG. 3. (a) Sketch of a neutron beam impinging on a surface with definitions of the incoming, reflected, and transmitted wave vectors (ki, kr, and kt, respec-

tively) their angles with the surface (hi¼ hr and ht) and the scattering vector Q. (b) Illustration of neutron scattering from a silicon block with a thin layer of

native silicon oxide of thickness d facing bulk H2O. (c) Simulated reflectivity curves of a layer of silicon oxide on silicon in five different bulk contrasts—

blue: H2O, purple: 40 v/v% D2O, orange: 50 v/v% D2O, gray: 60 v/v% D2O red: pure D2O. The black arrow marks the critical edge of the D2O contrast. A nat-

ural silicon oxide layer on silicon h111i is usually 5–30 Å thick, but in this graph, it is modeled as being 100 Å thick to exaggerate the Kiessig fringes. The

inset in (c) gives the SLD profile in the direction perpendicular to the interface. The SLD profiles are not sharply defined due to interfacial roughness.
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denoted Qz and called the scattering vector. The data

acquired in a neutron reflection experiment are normally dis-

played as the reflectivity as a function of Qz as shown in Fig.

3(c) for a 100 Å thick SiO2 layer on Si in different isotopic

solvent contrasts [Fig. 3(b)]. The reflectivity is given by the

relative intensity I=I0 of the reflected beam, where I is the

number of neutrons reflected at Qz and I0 is the number of

incident neutrons. Specular x-ray reflection is an alternative

technique that can give very useful and complementary infor-

mation to neutron reflection, since x-rays present a linear de-

pendency with electron density. Besides specular neutron/

x-ray reflection, there are other techniques that focus on the

off-specular scattering and grazing incidence small angle

scattering (GISANS/GISAXS referring to neutrons and

x-rays, respectively). These techniques give valuable struc-

tural information on lateral structures from nanometer to mi-

crometer scale (for relevant reviews see, for example, Refs.

40 and 43). With regards to x-rays, the main limitation is that

a biological sample has poor scattering contrast on a solid

substrate, and therefore, it is often not possible to detect

SLBs on solid substrates.44

III. FORMATION OF SUPPORTED LIPID BILAYERS
BY VESICLE FUSION, THE CASE FOR SINGLE
COMPONENT AND FLUID LIPID SYSTEMS

As discussed previously, QCM-D is an extremely sensi-

tive technique especially for viscous layers that contain large

amounts of water as vesicles do. This is why QCM-D has

become a stronghold for studying SLB formation via vesicle

fusion.30 AFM, on the other hand, excels for in-plane imag-

ing of the morphology of an adsorbed layer with lateral reso-

lution down to a few nanometer and Ångstrom resolution in

the vertical direction. The use of the AFM-CFC setup ena-

bles in situ imaging of layers during deposition. Finally, NR

is very sensitive to buried interfaces but less sensitive to dif-

fuse water-rich structures such as vesicles. Together these

techniques are valuable for understanding the process of ves-

icle fusion and the structure of supported lipid bilayers as

discussed in Secs. V–VI.

The adsorption and spreading of phosphatidylcholine

(PC) vesicles have been extensively studied by QCM-D

(Refs. 9, 10, 30, and 45) and the expected Df and Dd values

are well characterized for simple PC bilayers above the lipid

melting temperature. Briefly, due to the added mass the fre-

quency of the sensor decreases once the vesicles adsorb to

the surface. Simultaneously, the energy dissipation increases

because of the softness and viscoelasticity of the vesicles. It

has been proposed that once a critical density of vesicles

have attached to the surface, they become unstable and even-

tually break to form a continuous bilayer.46 As this happens,

Df increases consistent with a loss of mass due to the release

of water from the vesicle lumina while Dd decreases due to

the formation of a thin, homogeneous membrane, which is

more rigid and well-coupled to the surface as compared to a

vesicle layer. The characteristic QCM-D traces of the forma-

tion of a dipalmitoylphosphatidylcholine (DPPC) bilayer in

the fluid phase (50 �C) are shown in Fig. 4(a) (dashed

lines).12 These responses are similar to 1-palmitoyl-2-oleoyl-

phosphatidylcholine (POPC) bilayer formation at room tem-

perature.30 However, in general, the processes of vesicle

fusion and bilayer formation are highly dependent on the so-

lution conditions used for dispersing the lipids, even for sim-

ple PC vesicles in the fluid phase.47 As an example, the

dashed curves in Fig. 4(a) show deposition in phosphate buf-

fered saline (PBS) solution with an ionic strength of 100 mM

NaCl, whereas the full lines show vesicle fusion in ultrapure

water.48 In the latter case, no distinct frequency minimum is

observed, suggesting that the vesicles spread on contact with

the surface, without the buildup of a critical surface coverage

of vesicles before rupture and fusion. Interestingly, using the

AFM-CFC technique the formation of an SLB containing

80 mol. % DPPC and 20 mol. % POPC could be imaged in
situ in pure water. The images showed how the vesicles fused

upon reaching the mica surface until a complete, phase-

separated SLB of high quality was formed [Fig. 4(b)].48

The overall appearance of the QCM-D responses and

whether or not a critical surface coverage is reached before

vesicle rupture can be influenced, e.g., by the ionic strength,

FIG. 4. (a) Graph shows Df (blue) and Dd (pink) upon adsorption, fusion and spreading of vesicles composed of pure DPPC in the fluid phase (50 �C, flow rate

of 100 ll/min). The vesicles were prepared in either PBS (dashed lines) or in ultrapure water (full lines). Depictions in the lower part of the graph show how

the lipids are distributed during the process of membrane formation in PBS. (b) Image of an 80 mol. % DPPC 20 mol. % POPC membrane during bilayer for-

mation in ultrapure water using the AFM-CFC technique (25 �C, 50 ll/min, 512 � 512 pixel resolution, and scan rate of 1 Hz). The image was scanned along

the direction of the arrow under continuous flow of lipid vesicles. Initially, small bilayer patches appear. With time, they grow in size and eventually fuse to

form a complete, defect-free membrane, which exhibits both a fluid and a gel phase (taller, brighter domains). The white scale bar is 1 lm.
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presence of divalent cations, pH, temperature, and lipid con-

centration.46 However, as long as the vesicles do rupture,

the kinetics of the process does not seem to be crucial for

the quality of the resulting membrane in terms of coverage

and structure. Full SLB coverage corresponds to Df and Dd
values of �25 Hz and 0 for POPC and/or DPPC bilayers,

respectively.12,34 More negative values of Df and more posi-

tive values of Dd are indicative of coadsorbed vesicles,

while less negative values of Df suggest reduced bilayer

coverage. It should be noted that there is no universal recipe

for bilayer formation using vesicle fusion. In general, the

nature of the lipids, the surface properties and the solution

conditions determine the outcome of vesicle fusion and

bilayer formation. Recently, a careful study on the effect of

vesicle size on the QCM-D signal was published in which a

critical vesicle size was found to give optimal signals for

vesicle fusion.47 The authors used extrusion to produce

vesicles of different sizes ranging from 90 to 160 nm in av-

erage hydrodynamic diameter in a phosphate buffered saline

solution. They concluded that under these conditions even

in the case of simple systems containing one lipid in the

fluid phase, SLBs with the expected QCM-D traces for

vesicle-free bilayers could only be formed below a certain

vesicle size threshold (�90 nm in average hydrodynamic di-

ameter). Different vesicle size populations can be produced

when using tip sonication. The size distribution depends on

the sonication time, the lipid composition (presence of

charges, etc.) the ionic strength and screening capability of

the buffer. When lipids are dissolved in buffer longer soni-

cation times are expected in order to produce clear vesicle

solutions as compared to samples prepared in pure water.

For prolonged sonication times, it is important to use a

water bath in order to reduce the heat produced and to keep

the lipids at a constant and controlled temperature.

Fluid phospholipids and mixtures of fluid phospholipids

containing cholesterol are typically considered nonvesicle

fusing systems on gold substrates as evaluated by QCM-

D.30,49 However, a neutron reflection study clearly showed

that dimyristoylphosphatidylcholine (DMPC)/cholesterol

vesicles fused to form SLBs of high quality on gold.44

These cases highlight the need for complementary techni-

ques in order to conclude with certainty whether or not a

bilayer is formed or if vesicles are coadsorbed with a bilayer

structure or form a complete supported lipid bilayer, see Sec.

IV for a discussion on these issues.

IV. SUPPORTED LIPID BILAYERS CAN BE FORMED
BELOW THE MELTING TEMPERATURE USING THE
VESICLE FUSION METHOD

It is a general conception within the lipid membrane sci-

entific community that lipid bilayers have to be formed

above the main transition temperature.30,38,47,50 Some publi-

cations include structural studies of membranes in the gel

phase (formed above Tm followed by cooling),51 but infor-

mation on lipid bilayer formation via vesicle fusion below

the main lipid transition is extremely scarce.46,47,50 Several

studies on vesicle adsorption and bilayer formation investi-

gated the effect of surface chemistry (SiO2 vs TiO2),34,52

vesicle size,34,47,52 lipid concentration,46,53 deposition tem-

perature,34,47,50 or osmotic pressure.34,47 As an example,

Seantier et al. studied vesicle fusion of lipid mixtures at tem-

peratures close to the phase transition.46,50 The authors

observed SLB formation in the AFM at 9� below the Tm of

an equimolar mixture of DMPC and DPPC showing that

these lipid mixtures could form SLBs of high quality in the

gel phase. However, the authors concluded that SLB forma-

tion was incomplete due to the large signals observed for Df
and Dd in the QCM-D and that complete bilayer formation

on silica occurs only for temperatures above the Tm of the

mixture.46 We studied the effect of temperature on the for-

mation of SLB by vesicle fusion of DPPC vesicles below

and above the lipid Tm.12 When lipid vesicles composed of

pure DPPC were adsorbed on a silica surface well above the

lipid Tm, the QCM-D responses for Df and DD appeared as

expected for successful bilayer formation, i.e., similar to

fluid POPC bilayers formed at room temperature [Fig. 5(a),

full lines]. Although, large signals were observed for Df and

Dd if the temperature was decreased below the Tm indicating

a massive increase in adsorbed mass and the formation of a

very soft and viscous film, dissipating a large amount of

energy [Fig. 5(a), broken lines]. These findings were in ac-

cordance with previous reports,47 and the signals are usually

related to adsorption of intact vesicles,52 which do not fuse

to form an SLB.

Using the optimized AFM-CFC setup, it was possible to

directly visualize the process of bilayer formation below Tm

[Fig. 5(b)]. The gel phase vesicles fused and spread immedi-

ately on contact with the solid support followed by further

vesicle adsorption on top of the SLB. Some of these vesicles

could be removed by slowly rinsing with PBS under continu-

ous flow during imaging whereas hot PBS, injected manually

by syringe at an increased flow rate, successfully removed

the remaining vesicles. Seantier et al. discovered that close

to the Tm the kinetics of bilayer formation were significantly

impeded.50 The authors used a traditional liquid AFM imag-

ing setup with a fixed volume injection and in order to obtain

complete bilayer formation they had to apply a second injec-

tion of lipid solution. Due to these findings, the authors con-

sidered bilayer formation using mixtures of higher DPPC

content unfeasible. With the AFM-CFC method sufficient

mass transfer from the solution to the surface can be ensured,

and this approach therefore closer resembles the conditions

used for QCM-D and other in situ techniques such as NR.

Indeed, NR confirmed the presence of a bilayer for deposi-

tions both above and below the lipid Tm and, interestingly,

the coverage was higher for the membrane deposited in the

gel phase [87 vs 68 6 3 v/v% (Ref. 12)]. This can be

explained simply by taking into account the increased area

per molecule for fluid lipids; when the membrane is depos-

ited in the fluid phase and then subsequently cooled down to

below the Tm, the bilayer shrinks, effectively inducing

defects in the membrane.51
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From these studies, it is clear that SLBs can be prepared

from fusion of lipid vesicles below the main transition tem-

perature. However, the issue of SLB formation via vesicle

fusion is much more complex. For instance, heterogeneous

mixtures that sometimes have multiple phase transitions,

the presence of charged lipids and thus the need for fusion

promoters, the preparation of the vesicles in terms of size

distribution, buffer type, and ionic strength are all parame-

ters that govern how the sensitive responses of the QCM-D

will appear. Indeed, the presence of a small amount of

vesicles coadsorbed at the interface will lead to high fre-

quency and dissipation values whether they are adsorbed

on the surface as a vesicle layer, in bilayer defects or on top

of an intact SLB. This was confirmed by NR, where 14 6 2

v/v% vesicles were detected on top of the SLB formed

below Tm.12 Hence, it is apparent that QCM-D data may be

unclear with regards to whether an SLB is formed or not. If

the quality of lipid bilayers is assessed using QCM-D, the

data must therefore be carefully interpreted and preferably

combined with complementary techniques to avoid mis-

leading conclusions since the presence of coadsorbed

vesicles does not in any way affect the structure of the

underlying SLB.51 For biomolecule interaction studies, any

excess or coadsorbed vesicles should be minimized by

careful rinsing of the membrane and in some cases by

applying osmotic pressure shock or hot water rinses.54

Indeed, the apparent lack of successful bilayer formation

on substrates such as gold or titanium reported in the litera-

ture might also be a consequence of the methods used to

probe the fusion process.30,44

V. SUPPORTED LIPID BILAYERS DO NOT
NECESSARILY HAVE THE SAME COMPOSITION
AS THE VESICLES THEY ARE MADE FROM

In the case of binary lipid mixtures, favorable interactions

between a given lipid type and the surface might lead to

bilayer asymmetry and/or SLBs with compositions that dif-

fer from the bulk vesicle composition. The issue of composi-

tion and asymmetry resulting from vesicle fusion of binary

phospholipid mixtures has been discussed in the past.11,55–59

These publications raised an important question on whether

or not the solid support itself could significantly alter the

composition and structure of a membrane upon fusion of

mixed vesicles.55,56 In general, specific interactions between

the support and the proximal leaflet, surface-induced

impeded lipid mobility or an inherent heterogeneous distri-

bution of lipids in the mixed vesicles at the single vesicle

level are all factors that could contribute to such effects.11

When lipid membranes are composed of more than one lipid

species, the overall structure of the membrane will depend

on the properties of the lipids involved and the ratio between

them. Here, the POPC and DPPC mixture is presented as an

example since these lipids present similar molecular vol-

umes but significantly different main transition temperatures

(�2 and 42 �C, respectively). They are thus in different

physical phase states at room temperature; POPC is fluid

while DPPC is gel-like. For POPC and DPPC mixtures, the

formation of a single lipid phase is only obtained at certain

molar ratios and in specific temperature intervals. The mix-

tures that were included in the study covered four molar

ratios that, according to the bulk phase diagram,60,61 will

produce membranes ranging from fluid (0 and 20 mol. %

DPPC) to gel phase (100% DPPC), while crossing the two-

phase coexistence regime (50 and 80 mol. % DPPC) at room

temperature [see Fig. 6(a)]. In the coexistence regime, the la-

mellar structure presents phase separation, where gel-like

domains enriched in DPPC are surrounded by a fluid phase

enriched in POPC. The fluidity and lateral organization of the

membranes were probed by fluorescence recovery after photo

bleaching and AFM imaging and reflected the bulk phase dia-

gram.11 Clear phase separation occurred for 80 mol. % DPPC

with a 10 Å thickness difference between the fluid and gel

phases in accordance with previous results.11,62

The transbilayer distribution of lipids was studied by NR

utilizing mixtures of hydrogenated and tail-deuterated lipids

and by taking advantage of the concept of bulk contrast vari-

ation for improved resolution. Interestingly, in all cases, the

bilayers were overall enriched in POPC as compared to the

nominal composition of the vesicles [Fig. 6(b)]. The maxi-

mum deviation was found for the fluid, single-phased

FIG. 5. Formation of supported bilayers by vesicle fusion of gel phase DPPC lipids—(a) Df (blue) and Dd (pink) changes for bilayer formation of DPPC at

50 �C (full lines) and at 25 �C (broken lines) in ultrapure water. (b) AFM image of the formation of a gel phase DPPC membrane. The image was obtained

using the AFM-CFC technique and was captured in ultrapure water in the direction along the arrow. Adapted with permission from T. K. Lind, M. Cardenas,

and H. P. Wacklin, H. P., “Formation of supported lipid bilayers by vesicle fusion: effect of deposition temperature,” Langmuir 30(25), 7259–7263 (2014).
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20 mol. % DPPC sample. Small vesicles in the bulk can dis-

play a high degree of inhomogeneity at the single vesicle

level within a sample preparation.63 For vesicles smaller

than 25 nm in radius, the compositional differences can reach

up to 60%.63 This vesicle size is within the typical size range

of tip-sonicated vesicles.11 It is thus expected that for the

20 mol. % DPPC sample, a certain population of small

vesicles may contain mostly POPC while larger vesicles

contain a mixture of both lipids [Fig. 6(c)]. Due to geometri-

cal reasons, fluid POPC lipids should accommodate the

larger curvature of smaller vesicles better than the stiffer, cy-

lindrical DPPC molecules. Indeed, AFM imaging of the

phase separated 80 mol. % DPPC sample confirmed that

bilayer patches corresponding from rupture of the smallest

vesicles in the population were in the fluid phase, while

patches from larger vesicles showed coexisting phases [Fig.

6(d)]. The overall enrichment of POPC in the SLBs is thus

likely to arise from (1) a natural depletion of DPPC in the

smallest vesicles and (2) a faster diffusion and a higher pro-

pensity of fusion for the small vesicles enriched in POPC

than for larger, phase separated vesicles. The degree of

POPC enrichment of the phase-separated mixtures depended

on the positioning of the nominal composition in the phase

diagram [Figs. 6(a) and 6(b)]. The deviation from the nomi-

nal composition is therefore proposed to be a result of the

compositional and size differences at the single vesicle level.

Only the fluid single-phased 20 mol. % DPPC sample

showed an asymmetric composition with enrichment of

DPPC in the proximal leaflet [Fig. 6(b)]. The reason for

asymmetric SLBs is expected to stem from an inherent

asymmetry in the bulk vesicles. Due to geometrical reasons

it is both entropically and energetically favored for DPPC to

preferentially locate in the outer leaflet of the small vesicles,

leading to enrichment in the proximal leaflet of the bilayer

once fused on the surface. Leaflet asymmetry was also previ-

ously observed for other binary mixtures of PC lipids of low

and high melting temperature,55,56 and for binary mixtures

of fluid lipids containing charged and noncharged spe-

cies.54,58 These results revealed that it cannot be implicitly

assumed that vesicle preparations are homogeneous and that

SLBs formed by mixed liposomes will display identical

composition as in the bulk.

FIG. 6. (a) Phase diagram for aqueous solutions of POPC and DPPC, redrawn from Shoemaker et al. (Ref. 60) The black stars denote the lipid ratios of POPC

and DPPC at 25 �C that were studied by Åkesson et al. (Ref. 11) The dark brown color marks the single-phased fluid region of the phase diagram whereas the

lighter color marks the gel-like single-phased region. Fluid domains enriched in POPC coexist with gel-like domains enriched in DPPC in the phase-separated

region in the middle. The background of the coexistence region is an AFM image of an 80 mol. % DPPC membrane. (b) Leaflet composition (mol. % DPPC)

as a function of nominal composition (mol. % DPPC). SLBs from POPC and DPPC mixtures show a different composition than the nominal composition of

the vesicles. The inset shows the asymmetry as the ratio of distal leaflet mol. % DPPC to proximal leaflet mol. % DPPC as a function of the deposition temper-

ature. (c) Small vesicles were enriched in fluid POPC (dark color), whereas larger vesicles displayed phase separation (light color: DPPC). The small size and

high curvature of the fluid vesicles facilitate faster movements and fusion at the surface. (d) AFM image showing that for the 80 mol. % DPPC sample small

vesicles were enriched in POPC and larger vesicles were phase-separated. (b) and (d) reproduced with permission from A. Åkesson, T. Lind, N. Ehrlich, D.

Stamou, H. Wacklin, and M. C�ardenas, “Composition and structure of mixed phospholipid supported bilayers formed by POPC and DPPC,” Soft Matter

8(20), 5658 (2012).
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VI. OPTIMIZED EXPERIMENTAL CONDITIONS LEAD
TO SUCCESSFUL BILAYER FORMATION OF
NATURAL LIPID EXTRACTS

Several protocols for extraction of total and polar lipids

from native membranes exist. Moreover, there are commer-

cially available sources for lipid extracts derived from E.
coli, and they are used regularly in various types of stud-

ies.64–67 Back in 1995 Nollert et al. adsorbed vesicles of

E. coli lipids onto silica, and observed using fluorescence

microscopy that the vesicles fused upon addition of divalent

cations.68 However, several recent papers have continued

studying the formation of SLBs composed of lipids extracted

from bacteria (isolated inner69 and outer membranes,70 com-

mercially available polar71–73 and total lipid extracts74) by

vesicle fusion. From these publications, it is clear that great

discrepancies exist in literature as to whether or not vesicle

fusion of such complex mixtures can be completed with suc-

cess on silica surfaces. This is partly a consequence of the

methods used to study SLB formation and the structure of

the resulting membrane, as well as to the experimental con-

ditions and the method of preparing the lipid vesicles.

Recently, complex mixtures of yeast75 and E. coli extracts76

were successfully deposited on surfaces via the vesicle

fusion method, demonstrating the growing interest in and

need for advanced biomimetic model systems. In the case of

E. coli membranes, Domènech et al. showed by AFM imag-

ing that bilayers of the polar lipid extracts could be success-

fully formed via vesicle fusion on mica.71,73 Others,

including Merz et al.,74 found that it was not possible to

form complete membranes on SiO2, while higher bilayer

coverage was found for deposition onto TiO2. Dodd et al.69

concluded that E. coli SLBs could be formed only by mixing

of these lipids with significant amounts of POPC (an E. coli
lipid content of 60% or more led to QCM-D responses that

showed no indication of vesicle rupture). However, their

AFM images confirmed the presence of SLBs with varying

degrees of attached vesicles. They also found that SLB for-

mation was improved by elevating the temperature to 35 �C,

but in this study, all depositions were done without a fusion

promoter. Unsuccessful SLB formation is typically rational-

ized by the complexity of the total lipid extract that contains

the entire range of bacterial lipids and/or that the resulting

bilayers adopt a nonplanar geometry. Recently, the condition

of vesicle fusion were optimized to successfully form SLB

from various types of extracts from E. coli using QCM-D.76

The optimal conditions were found for a lipid concentration

of 100 lg/ml in 10 mM TRIS buffer containing 100 mM

NaCl and 2 mM CaCl2 (the latter must be added immediately

prior to adsorption to avoid vesicle aggregation in solution).

Moreover, the use of small tip sonicated vesicles (110 6

23 nm in average hydrodynamic diameter) was critical to

form a SLB of high coverage on silicon oxide.76 Another im-

portant factor to consider is the presence of continuous flow

of the sample to ensure sufficient mass transfer to the sur-

face. For E. coli lipid vesicles, a rate of 100 ll/min was used

in the QCM-D for approximately 30 min and the deposition

temperature was kept at 50 �C to enhance the process of vesi-

cle rupture.76 From the NR data, it was clear that some vesi-

cle coadsorption could still occur therefore leading to larger

signals than expected for complete vesicle fusion in the

QCM-D. However SLBs of high quality were obtained as

verified by QCM-D, NR and AFM. From the NR data, the

SLBs were fitted to a total thickness of 41 6 2 Å.76 These

structural features are similar to membranes made of DPPC

(containing two 16:0 chains) in the fluid phase, for which the

acyl and head group region was found previously to be

28 6 1 and 6.8 6 1 Å, respectively.12 The typical chain

lengths of E. coli lipids are 16:0 and 18:1 but the E. coli
SLBs were approximately 5 Å thinner than standard POPC

(16:0–18:1) SLBs.11 However, E. coli lipids also contain

cyclic structures such as cyc17:0, which can alter the pack-

ing of the bilayer making it less rigid and thinner.77

Lipid bilayers of E. coli lipids with a specific asymmetric

composition containing the long natural lipopolysaccharide

moieties in the outer leaflet can be produced using a deposi-

tion method based on the Langmuir–Blodgett and

Langmuir–Schaefer techniques.6,78 The main drawback of

this approach, however, is that the biomimetic membranes

cannot be produced in situ at the liquid–solid interface.

Recent NR studies on complex phospholipid extracts from

yeast were performed in the presence and absence of ergos-

terol (see Fig. 7).75 The authors successfully formed high

quality SLBs from both hydrogenated and deuterated lipid

extracts using vesicle fusion (the deposition conditions used

were 100 mM NaCl, 20 mM CaCl2, 30 min tip sonication at

65 �C, deposition above 50 �C, lipid concentration unspeci-

fied). The lipids in the hydrogenated bilayers comprised a

high degree of poly-unsaturations while the deuterated lipid

mixtures contained mainly monounsaturated fatty acids.79

Consistent with this, the hydrogenated bilayers were thinner

than both commonly used model 1,2-dioleyl-sn-glycero-3-

phosphocholine (DOPC 18:1 PC) lipid membranes and the

deuterated version of the yeast lipid extract. Indeed, hydro-

genated SLBs were 6 Å thinner than the deuterated bilayers.

Ergosterol was shown to incorporate in the membranes in

a symmetric manner, but the lipid composition and level

of acyl chain saturation had an effect on the amount of er-

gosterol present in the two types of membranes (ergosterol

content of 5.5 or 14.5 mol. % in deuterated and hydrogen-

ated samples, respectively) and thus the structure and

thickness of these bilayers. The presence of ergosterol

caused minimal changes to the deuterated bilayers but

increased the thickness of hydrogenated SLBs by 3 6 2 Å.

The difference in bilayer thickness was most likely a con-

sequence of the slightly higher content of ergosterol in the

hydrogenated SLBs. The model yeast membranes were

used to probe the interaction of Amphotericin B and

revealed that the interaction was dependent on the level of

lipid poly-unsaturation in the SLBs thus evidencing the

need for developing protocols for reconstituting cell mem-

brane mimics on solid supports using complex lipid mix-

tures extracted from natural sources.
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VII. CONCLUSIONS AND OUTLOOK

The vesicle fusion method, although representing one of

the simplest methods for SLB formation, can sometimes be

challenging due to the many experimental parameters that

influence optimal vesicle rupture and bilayer formation. One

major concern is the presence of cobound vesicles. Ideally,

for SLBs to be used as biomimetic membrane models in the

investigation of molecular interactions, they should be free of

attached vesicles. However, depending on the techniques used

for studying the interactions, the presence of a small amount

of vesicles bound to the SLB does not necessarily affect the

experimental design as long as scientists are aware of their

presence upon data interpretation. QCM-D, a very sensitive

technique to soft layers, might be slightly misleading in this

case. A plausible scenario upon interaction with surface active

molecules is the stiffening of vesicles, their collapse and the

formation of multilayer stacks.80 Since QCM-D is today con-

sidered a method of excellence to optimize the formation of

SLBs via vesicle fusion, we would like to bring forward a few

factors to consider when interpreting and developing new pro-

tocols. We focus on a few key parameters needed to promote

vesicle fusion on silica or mica surfaces. Besides the lipid

concentration and the presence of flow,30 the size distribution

of the vesicle preparation is critical.47 It has been shown that

successful vesicle fusion of PC vesicles can only be obtained

for vesicles with average hydrodynamic diameters of �90 nm

as evaluated by QCM-D.47,76 For PC binary mixtures we have

shown that fusion occurred for vesicles with a diameter of

�50 nm as evaluated by QCM-D, NR and AFM.11 Vesicles

from E. coli total lipid extracts successfully formed SLBs for

vesicles with an average hydrodynamic diameter of �110 nm.

This smaller size distribution is sometimes easier to achieve

in pure water rather than salt or buffer-containing solutions

both for tip sonication and extrusion. Furthermore, increasing

the deposition temperature can facilitate vesicle fusion.

However, for lipids of high Tm, lipid deposition above the

melting temperature can also affect the bilayer quality in

terms of lowering of the SLB coverage, due to shrinking of

the bilayer upon undergoing a transition back to the fluid

phase.12 An alternative is to form the SLB below the Tm and

then expose the membrane to a careful rinse with hot water or

buffer. In such cases, individual optimizations of the solution

conditions and rinsing steps are needed in order to promote

the removal of attached vesicles, e.g., by subjecting them to

osmotic shock.34,54 QCM-D studies indicate that it is rarely

possible to form SLBs on substrates such as gold;31,50 how-

ever, neutron reflection has demonstrated that high quality

SLBs can be formed on gold via the vesicle fusion method.45

Finally, for vesicle preparations containing more than one

lipid species, the resulting SLBs might not have the same

composition and structure as the vesicles they were made

from.13,55–58 Thus, QCM-D studies must be complemented

FIG. 7. Neutron reflectivity profiles and corresponding neutron SLD profiles of supported membranes from Pichia pastoris lipid extracts using vesicle fusion

on silicon substrates in D2O (red squares), 66% D2O (green circles), 38% D2O (orange triangles) and H2O (blue diamonds): [(a) and (b)] h-lipids [(c) and (d)]

h-lipids þ ergosterol, [(e) and (f)] d-lipids, and [(g) and (h)] d-lipids þ ergosterol. Illustrations of the SLB structures are included in the SLD profiles.

Reproduced with permission from A. Ghellinck, G. Fragneto, V. Laux, M. Haertlein, J. Jouhet, M. Sferrazza, and H. Wacklin, “Lipid polyunsaturation deter-

mines the extent of membrane structural changes induced by Amphotericin B in Pichia pastoris yeast,” Biochim Biophys Acta 1848(10 Pt A), 2317–2325

(2015).
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with a secondary surface sensitive technique that either probes

the optical properties of the interface (ellipsometry/surface

plasmon resonance/reflectometry) or the morphology of the

interface (AFM). For detailed compositional analysis, NR and

spectrosocopic based techniques are the methods of choice.
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